Lab prep for X-gal staining of ftz-lacZ embryos

Fly cultures

I..  Cultures

In order to collect enough embryos for this lab to be successful, fly cultures must be vigorous and healthy.  You should plan to expand fly stocks for at least two generations before the lab. Grow flies under uncrowded conditions in fly media supplemented with live yeast. Remember that young, fat, healthy females lay more eggs than old, neglected, hungry females.  Pamper your cultures!  Each lab group should have one or two bottles of flies (~50 females along with males) per genotype for egg collections for cuticle preps and an equal number for X-gal staining.  The biggest mistake made with this exercise is not growing up enough flies for large egg collections. 


24 to 48 hours prior to egg lay, prepare a thick, creamy yeast paste by adding a small amount of water to commercial dry activated baker’s yeast.  Smear a large dollop on the inside of each fresh culture bottles. Transfer flies to “fatten up” in preparation for egg lay.


It is best to have separate cultures for egg collections for cuticle preps and X-gal staining.  Typically, females will not lay a large number of eggs one day for cuticle preps and again the next day for X-gal staining.  Females used to collect embryos for cuticle preps can be used to supplement females laying eggs for X-gal staining, but they will probably lay fewer eggs.

II.  Egg lay for cuticle preps

To examine the effects of mutations on segmentation, egg lays must be initiated on the day prior to the lab exercise to provide ~24 hour old embryos.  Smear apple juice/agar plates with a thick suspension of live yeast. Transfer fattened flies to empty bottles and tape an apple juice/agar plate over the mouth of each bottle. Place the bottles, mouth down, in a box or dark cabinet where they won’t be disturbed. Allow females to lay eggs for 4 to 6 hours.  Remove egg lay plates and place into a humid chamber (a Tupperware with a damp paper towel) at room temperature until lab time.  Note that adult flies may get stuck in the yeast paste and need to be picked off plates. Label these plate with genotype and “old” to indicate they are to be used for cuticle preps.

For an afternoon lab, collecting eggs from ~9 a.m. to ~3 p.m. the day before the exercise seemed to work quite well. Adult flies should be replaced on fresh food if they are to be kept. 

II.  Egg lay for X-gal staining

Since the optimal time for viewing ftz stripe expression is 4 to5 hours after egg lay, fattened flies should be transferred to empty bottles in the morning of an afternoon lab exercise.  Tape an apple juice/agar plate smeared with yeast paste into the mouth of each bottle, and place the bottles, mouth down, some place where they won’t be disturbed. Again, pick off any adults stuck in the yeast paste. Label these plates with genotype and “new” to indicate they are to be used for X-gal staining.

Recipes

The following recipes were adequate for 10 groups of students each doing X-gal staining and cuticle preps of one genotype each.

I. Apple juice-agar plates (makes ~30 plates)

A.  Mix 22.5 g agar and 750 ml water.  Boil.

B.  Mix separately 250 ml apple juice and 25 g sucrose.  Boil (or at least heat, you don't want to mix it into agar solution cold or agar will solidify instantly).

C.  Mix two batches.  Cool to 60 degrees.  Pour plates. Use small sized Petri plates that will fit over the mouth of fly culture bottles.  (You can pour a few plates and keep the remainder in fridge.  Remelt as much as needed.)

II. PBT (Phosphate Buffer with Triton X)

A. For 1 liter of 10 x PBS

20 g NaCl

0.5 g KCl

0.5 g KH2PO4
2.47 g anhydrous Na2HPO4 

Bring to 1 liter with distilled H20

B. For 2 liters PBT:

6 ml Triton X-100

200 ml 10 x PBS

Bring to 2 liters with H20

(Note:  add Triton X to a large volume of water.  It will precipitate if added directly to 10 x PBS.)

Place ~200 ml in squirt bottles

III. 50% bleach:  ½ commercial bleach and ½ distilled water. Put ~100 ml in squirt bottles. This solution should be mixed up immediately before lab.  Note: Bleach goes bad sitting under a lab sink.  Use a new bottle if possible. 

IV. Fixative

½ heptane and ½ 4% formaldehyde diluted with 1 x PBS. Make 30 ml.  This is enough to provide each group with 0.5 ml of the heptane phase. For best results, use methanol-free formaldehyde available as 10% or 16% solution from Polysciences (Cat. #18814). You can use commercial formalin solution (40% formaldehyde stabilized with a low percentage of methanol), but the contaminating methanol will result in weaker staining.  This makes a two phase mix with the heptane phase on top.  The formaldehyde will diffuse into the heptane phase.  Use only the heptane (top) phase for embryo fixation.

V. X-gal staining solution

A. X-gal staining solution. (=1/30th volume of 8% X-gal).  The X-gal should be added and the solution aliquoted immediately prior to lab. Aliquot 0.5 ml in foil-wrapped Eppendorf tubes.  The staining solution is light sensitive, but need not be protected from light for the short lab incubation period.  

For 6 ml:

200 l 8% X-gal in DMSO

5.8 ml X-gal staining solution without X-gal

B.  X-gal stock solution

Make 8% X-gal in DMSO.  (You can use DMSF instead, but it is more toxic.)  Divide into 200 l aliquots and freeze at –20 degrees C.  X-gal is expensive stuff, but one purchase should give you enough aliquots for many labs.

C.  Staining solution without X-gal. Protect from light.

10 mM Sodium phosphate buffer, pH 7.2 (see below)

150mM NaCl

1 mM MgCl2
3.1 mM K4[FeII(CN)6] (=potassium ferricyanide)

3.1 mM K3[FeII(CN)6].3 H2O (=potassium ferrocyanide)


0.3% Triton X-100

Mix from stock solutions:


For 10 ml:


1 ml of 0.1 M sodium phosphate buffer (see below)


300 l of 5M NaCl

100 l of 100mM MgCl2
310 l of 100mM K4[FeII(CN)6].3 H2O (=0.42 g potassium ferricyanide/10ml H20; protect from light) 

310 l of 100mM K3[FeII(CN)6] (=0.33 g potassium ferrocyanide/10 ml H20; protect from light)

30 l Triton X-100 

Bring to 10 ml with distilled water

To make ~10 ml 0.1 M sodium phosphate buffer, pH 7.2:

Make two solutions:  0.1 M Na2HPO4 and 0.1 M NaH2PO4.  One is acidic and the other basic.  Mix the two together until pH 7.2 is reached.  The ratio will be roughly 2 parts Na2HPO4 to 1 part NaH2PO4.

VI.
70% glycerol:  use PBT to dilute glycerol.

VII.
4 glacial acetic acid: 1 glycerol.  Make 5 ml.  Aliquot 0.3 ml per group.

Supplies

Each group should be provided with:

1. 24 hour old egg collection for cuticle prep.

2. 4 to 5 hour old egg collection for X-gal staining

3. Dissecting microscope

4. 2 egg collection baskets.  These can be purchased premade from Becton-Dickenson/Falcon or can be homemade.  To make your own from 15 ml conical tubes, drill a 1 cm hole in the cap, cut the tube to 2 cm, cut a square of Nitex mesh, stretch mesh over threads and secure with drilled cap.

5. 2 small paintbrushes

6. 1 squirt bottle with PBT

7. 1 squirt bottle with 50% bleach

8. 1 small (50 ml?) beaker or weigh boat—as small as possible and still hold egg collection basket.

9. Timer

10. 1 pair forceps for transferring egg basket

11. 2 large weigh boats

12. 1 liquid waste 500 ml beaker

13. 1.5 ml Eppendorf tubes

14. Disposable Pasteur pipets—the plastic “Dispopipets” work well

15. P200 pipetter and yellow tips

16. 1 solid waste 500 ml beaker

17. Gloves

18. 0.5 ml aliquot of X-gal staining solution wrapped in foil.

19. 0.5 ml aliquot of 70% glycerol

20. Slides and coverslips

21. Microscope

22. 0.3 ml aliquot of acetic acid/glycerol 

Common supplies:

1. Table top centrifuge

2. Bottle of fixative solution

3. 1 500 ml beaker for disposal of Eppendorf tubes with Heptane fixative. (Heptane from tubes can be emptied after lab for organic waste disposal.)

4. 65 degree C water bath.

